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f Abstract Vitamin B12 is a complex organometallic cofactor associated with
three subfamilies of enzymes: the adenosylcobalamin-dependent isomerases, the
methylcobalamin-dependent methyltransferases, and the dehalogenases. Different
chemical aspects of the cofactor are exploited during catalysis by the isomerases and
the methyltransferases. Thus, the cobalt-carbon bond ruptures homolytically in the
isomerases, whereas it is cleaved heterolytically in the methyltransferases. The
reaction mechanism of the dehalogenases, the most recently discovered class of B12
enzymes, is poorly understood. Over the past decade our understanding of the
reaction mechanisms of B12 enzymes has been greatly enhanced by the availability of
large amounts of enzyme that have afforded detailed structure-function studies, and
these recent advances are the subject of this review.
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INTRODUCTION
The history of vitamin B12, originating in 1925 with the descriptions by Whipple
and Minot & Murphy of the antipernicious anemia factor, is rich and replete with
scientific milestones (1, 2). A hunt spanning two decades led independently to the
isolation of the cofactor by Smith & Folkers in 1948 and dramatically changed
the therapeutic solution for pernicious anemia from several grams of uncooked
liver to a few micrograms of a red crystalline compound (3, 4)! Solution of the
crystal structure of vitamin B12 by Hodgkin in 1956 (5) and an intense transat-
lantic collaboration culminating in the total synthesis of the cofactor involving
the Woodward and Eschenmoser laboratories were some of the other highlights
of the ensuing decades (5a).
Vitamin B12 is a tetrapyrrolic cofactor in which the central cobalt atom is
coordinated by four equatorial nitrogen ligands donated by pyrroles A-D of the
corrin ring. B12 is portly and, unlike other tetrapyrroles, has a built-in axial ligand
appended from the periphery of ring D of the corrin macrocycle (Figure 1). The
identity of the base at the terminus of the propanolamine tether varies in different
organisms and is the unusual ribonucleoside, dimethylbenzimidazole, found in
cobalamins. Diversity is also present at the upper axial ligand where cyano-,
methyl-, and deoxyadenosyl-groups are seen in vitamin B12, methylcobalamin
(MeCbl1), and AdoCbl or coenzyme B12 respectively.
As major strides were being made on elucidating the identity and structure of
the antipernicious anemia factor, a biological role for B12 was unraveled in
Barker’s laboratory where an AdoCbl derivative was found to be the cofactor for
glutamate mutase (6). This was followed by the discovery several years later of
the other biologically active alkylcobalamin, MeCbl (7). Presently, three classes
of B12 enzymes are recognized, the isomerases, the methyltransferases, and the
reductive dehalogenases. Recent advances in our understanding of their reaction
mechanisms are the subject of this review.
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B12-DEPENDENT ISOMERASES
The isomerases are the largest subfamily of B12-dependent enzymes found in
bacteria, where they play important roles in fermentation pathways (8–10). The
only exception is methylmalonyl-CoA mutase, which is found in both bacteria
and in man. In some organisms, a B12-dependent ribonucleotide reductase
Figure 1 Structure and alternative conformations of cobalamin found in B12-
dependent enzymes. (A) Structure of cobalamin, where R is deoxyadenosine in
AdoCbl, methyl in MeCbl, -OH in hydroxocobalamin, and -CN in vitamin B12. (B)
The free cofactor can exist in the base-on (or Dmb-on) or base-off (or Dmb-off)
conformations, with the former predominating at physiological pH. The His-on
conformation in which the endogenous ligand, dimethylbenzimidazole, is replaced by
an active site histidine is seen is some B12-dependent enzymes. In the corrinoid
iron-sulfur (CFeSP) protein, the cofactor is in the base-off conformation, and a
protein ligand does not appear to occupy the lower axial position.
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catalyzes the conversion of ribonucleotides to deoxyribonucleotides, which is
fundamentally important for DNA replication and repair. B12-dependent isomer-
ases catalyze the 1,2 interchange between a variable substituent and a hydrogen
atom on vicinal carbons (Figure 2). Considerable diversity exists in the nature of
the migrating group ranging from carbon (in methylmalonyl-CoA mutase,
isobutyryl-CoA mutase, glutamate mutase, and methyleneglutarate mutase) to
nitrogen (in ethanolamine ammonia lyase, D-ornithine aminomutase, and -
lysine mutase) and oxygen (in diol dehydrase).
Subclasses of Isomerases
Recent crystal structures and spectroscopic studies have led to the recognition of
two subclasses of B12-dependent enzymes that differ with respect to their mode
Figure 2 (A) General reaction mechanism for AdoCbl-dependent isomerases. (B) In
class II ribonucleotide reductases, a thiyl radical rather than the initially formed
5-deoxyadenosyl radical abstracts a hydrogen atom from the substrate and reduction
occurs at C2 of the substrate.
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of cofactor binding (Figure 1). In solution and at physiological pH, the lower
ligand position is occupied by the endogenous base, dimethylbenzimidazole, in
a conformation that has been referred to in the literature as base-on. Protonation
of the lower base, which has a pKa of 3.7 in AdoCbl (11), leads to the base-off
conformer. Crystal structures of the Class I or His-on family of B12-dependent
isomerases have revealed the presence of yet another cofactor conformation in
which the lower axial ligand, dimethylbenzimidazole, is replaced by a histidine
residue donated by the protein (12, 13). The histidine is embedded in a
DXHXXG sequence, which is the only primary sequence motif that appears to
be conserved in both the B12-dependent isomerase and methyltransferase family
members that use the same cofactor-binding mode (14). In this mode, the
nucleotide tail is bound in an extended conformation that results in dimethyl-
benzimidazole being 10Å removed from the cobalt to which it is coordinated
in solution. The isomerases in this subfamily include methylmalonyl-CoA
mutase, glutamate mutase, methyleneglutarate mutase, isobutyryl-CoA mutase,
and lysine 5,6 aminomutase.
In the Class II or Dmb-on family of B12-dependent isomerases, the solution
conformation of the cofactor is retained upon binding to the active site. Thus,
dimethylbenzimidazole is coordinated to the cobalt in the lower axial position.
This mode of B12 binding has been seen in the crystal structures of diol
dehydratase (15) and ribonucleotide reductase (16) and is expected for ethanol-
amine ammonia lyase based on the electron paramagnetic resonance (EPR)
spectra (17, 18).
Despite the differences in the conformations of the bound cofactor, the
B12-dependent isomerases, with the exception of ribonucleotide reductase,
exhibit similarities in the structural motifs they employ (Figure 3). A TIM barrel
is juxtaposed on the upper face of cobalamin and encases the active site where
the substrate binds. Numerous hydrogen bonds extend between the peripheral
side chains on the corrin ring and the protein and likely contribute to the tight
binding of the cofactor. In methylmalonyl-CoA mutase (12) and in glutamate
mutase (13), the lower face of cobalamin is perched on the carboxy-terminal end
of a Rossman (/)-fold, and a histidine residue extends from a loop to
coordinate to the cobalt. In diol dehydratase, a Rossman-fold like structure exists
in the central part of the -subunit, which cups the lower face of the cofactor and
may be important in making contact with the nucleotide (15). In contrast,
ribonucleotide reductase exhibits a novel fold for binding B12, which is more
similar to the related structural elements used in the diiron-tyrosyl radical-
dependent ribonucleotide reductases than it is to other B12 enzymes (16).
Cofactor Is a Latent Radical Reservoir
The organometallic bond in AdoCbl is water stable but is relatively weak with a
bond dissociation energy estimated to be 31.5 kcal mol1 for the base-on
conformer and 34.5 kcal mol1 for the base-off conformer (19–21). The inherent
lability of the Co-carbon bond is exploited by AdoCbl-dependent isomerases to
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Figure 3 Comparison of the B12-binding domains of AdoCbl-dependent isomerases: A,
methylmalonyl-CoA mutase; B, glutamate mutase; C, dioldehydratase; and D, ribonucle-
otide reductase.
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Figure 3 Continued.
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effect radical based rearrangements that are initiated by homolysis of the
Co-carbon bond (22). In the absence of substrate, the homolysis products,
cob(II)alamin and the deoxyadenosyl radical, are not observed, indicating that
the equilibrium for the homolysis reaction greatly favors geminate recombina-
tion. However, in the presence of substrate, the radical reservoir is mobilized into
action as evidenced by an approximately trillionfold acceleration of the homo-
lytic cleavage rate compared to the uncatalyzed rate in solution (20). Thus,
utilization of substrate binding energy is key to controlling the homolysis
equilibrium and protecting the latent radical pool from dissipation in side
reactions.
Although ground state destabilization of the Co-carbon bond had been
considered as a strategy for achieving the trillionfold homolysis rate enhance-
ment (23–26), it is mechanistically unappealing. Stabilization of the deoxyade-
nosyl radical in the absence of substrate would lead to its rapid extinction and
accumulation of inactive enzymes in the aerobic milieu where most of these
enzymes operate. The extent of ground state stabilization has been experimen-
tally evaluated by resonance Raman studies on methylmalonyl-CoA mutase in
which isotope editing was employed to identify the Co-carbon stretching fre-
quency for the free and enzyme-bound cofactor (27). The difference in their
positions (6 cm1) was estimated to correspond to 0.5 kcal mol1 weakening
of the Co-carbon bond, which is miniscule compared to the 17 kcal mol1 that
occurs during the catalytic cycle (27). Resonance Raman spectra of glutamate
mutase have also been reported (28); however, in the absence of isotope editing,
conclusions regarding the identity and location of the Co-carbon stretching
frequency can not be made.
Homolysis Timing Control
A key control issue for AdoCbl-dependent radical enzymes is containing the
reactivity of the radical reservoir to minimize inactivating side reactions of the
homolysis products. Insights into how this control is achieved have emerged
from kinetic and mutagenesis studies on these enzymes. Propagation of the
organic radical from deoxyadenosine to substrate is believed to occur directly in
these enzymes with the exception of ribonucleotide reductase where an interme-
diate protein based cysteinyl radical is generated and operates as the working
radical (Figure 2). The homolysis rate has been estimated in several of these
enzymes by stopped-flow kinetic measurements and in each case found to be
rapid and not rate limiting for catalytic turnover. A curious observation, first
made with methylmalonyl-CoA mutase and later with other enzymes, was that
the rate of cofactor homolysis is sensitive to isotopic substitution in the substrate
(29). Thus, substitution of protiated methylmalonyl-CoA with [CD3]-methylma-
lonyl-CoA decelerated homolysis 20-fold at 25°C (29, 30). Similarly, use of the
corresponding deuterated substrates led to substantial slowing of the homolysis
rates in glutatmate mutase (31) and in ethanolamine ammonia lyase (32). These
observations were curious not only because of the sensitivity of bond cleavage in
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the cofactor to isotopic substitution in the substrate, but also because the magnitude
of the isotopic discrimination was anomalous and outside the range predicted for
semiclassical behavior.
These results were interpreted as evidence for kinetic coupling between the
homolytic cleavage and substrate radical generation steps as shown in Figure 4.
According to this model, the homolysis equilibrium is unfavorable and lies in the
direction of geminate recombination. However, in the presence of substrate, the
high-energy dAdo•intermediate abstracts a hydrogen atom from the substrate to
generate a more stable substrate-centered radical. The net effect of this coupled
reaction is a shift in the overall homolysis equilibrium from recombination to
radical propagation. This model provides an explanation for the sensitivity of the
homolysis step to isotopic substitution in the substrate. Because detectable
accumulation of the homolysis product, cob(II)alamin, is dependent on the
generation of the substrate radical, its rate of formation is sensitive to whether a
hydrogen or deuterium atom is being abstracted.
In ribonucleotide reductase, kinetic coupling involves generation of a thiyl
radical rather than a substrate radical by the deoxyadenosyl radical (33). A
working thiyl radical is common to both the diiron-tryosyl radical-dependent and
B12-dependent ribonucleotide reductases, and it is responsible in turn for gener-
ating the substrate radical. Mutation of C408, the site of the thiyl radical in the
Figure 4 Qualitative free energy profile demonstrating kinetic coupling as a
strategy for controlling the timing of the homolysis reaction.
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Lactobacillus leichmannii B12-dependent ribonucleotide reductase, leads to fail-
ure of the mutant enzyme to catalyze Co-carbon bond homolysis (33).
The basis of the anomalously large isotope effects has been characterized by
examining the temperature dependence of the isotope effect in methylmalonyl-
CoA mutase (30). The deuterium isotope effect increases from 35.6 to 49.9 as the
temperature decreases from 20°C to 5°C. The magnitude of the isotope effect on
the Arrhenius preexponentials (0.078) and the difference in the activation
energies (EaD-EaH  3.41 kcal mol1) deviate significantly from the values
predicted for semiclassical behavior and provide strong evidence for quantum
mechanical tunneling. Exalted tritium isotope effects of the order of 80–110 have
been reported for diol dehydratase (34) and ethanolamine ammonia lyase (35,
36), and it is likely that nonclassical transfer pathways are involved in hydrogen
atom abstraction by these enzymes as well.
Control of Radical Trajectories
One of the challenges for enzymes that deploy radical chemistry is the danger of
extinction of reactive intermediates lurking in active sites lined with potential
hydrogen atom donors. This problem is magnified in B12-dependent isomerases
where significant distances are bridged as the organic radical propagates inter-
molecularly between deoxyadenosine and substrate. EPR spectroscopy reveals
the presence of biradical intermediates, which are either strongly or weakly
coupled depending on whether the interradical distance is moderate (5–7Å) or
large (10–11Å) (37). In most cases, the organic radical has been assigned as
being either substrate- or product-derived, based on isotopic perturbation of the
EPR spectra. The deoxyadenosyl radical has eluded detection in AdoCbl-
dependent enzymes consistent with the kinetic coupling model in which it is not
predicted to accumulate.
Depending on the interradical distance, the interaction between cob(II)alamin
and the organic radical is either strong or weak as evidenced by the very different
EPR spectral morphologies seen in B12-dependent isomerases. In diol dehy-
dratase and in ethanolamine ammonia lyase, a doublet signal is seen in spectra
that consist of a broad resonance near g  2.3 [due to cob(II)alamin] and a
doublet of lines split by 70–140 Gauss near g  2.0. The doublet signal arises
from the organic radical split by weak isotropic exchange and dipolar coupling
interactions with cob(II)alamin (38, 39). Simulations yield an electron-electron
distance of 10Å, which is consistent with the crystal structure of diol dehy-
dratase (15).
In contrast, ribonucleotide reductase (40), glutamate mutase (41), methylene-
glutarate mutase (42, 43), and methylmalonyl-CoA mutase (44, 45) exhibit EPR
spectra with very different characteristics and have an effective g value of 2.1
and resolved cobalt hyperfine splittings with 55 G spacing. This class of EPR
spectra arise from strong interactions between cob(II)alamin and the radical
species via exchange and dipolar interactions (37). Simulations yield an electron-
electron distance of 5–7Å for the spectra associated with ribonucleotide
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reductase (46) and glutamate mutase (41), which is consistent with the crystal
structures of these enzymes (13, 16). In ribonucleotide reductase, a thiyl radical
coupled to cob(II)alamin has been observed and was identified by substitution of
the protons on the -carbon of cysteine, which resulted in spectral narrowing
(40).
The EPR spectra reveal that significant distances are traversed as the organic
radical propagates between deoxyadenosine and substrate/product during each
catalytic cycle, and this raises the issue of how side reactions are suppressed.
Insights into how these enzymes control radical trajectories have emerged from
structures of diol dehydratase (47) and glutamate mutase (48). In both cases,
conformational toggling of the deoxyadenosine radical results in its reorientation
from one favoring recombination to one abutting the substrate hydrogen atom
destined for abstraction. In glutamate mutase, the interradical distance between
the substrate and cob(II)alamin is estimated to be 6.6Å by simulations of the
EPR spectra (41). This distance is bridged by a pseudorotation of the ribose ring
that moves the C5 carbon (where the radical is localized) from an axial to an
equatorial location and thereby guides the radical away from geminate recom-
bination and toward substrate radical generation (Figure 5). The crystal structure
of glutamate mutase shows a mixed population of conformers, C2-endo (C5 is
Figure 5 Ribose conformations control radical trajectories during propagation steps
in diol dehydratase (A) and in glutamate mutase (B).
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positioned above the cobalt) and C3-endo (C5 is directed toward the substrate)
(48).
A different movement, i.e., rotation around the N-glycosidic bond, swings the
C5 radical in diol dehydratase away from cob(II)alamin and toward the substrate
(Figure 5) (47). This rather large movement accomplishes the transfer of the
organic radical over an 7Å distance from its original position in the spin-
correlated radical pair to within van der Waal’s contact distance of the substrate
hydrogen atom destined for abstraction has been monitored in ethanolamine
ammonia lyase by electron nuclear double resonance (49) and electron spin echo
envelope modulation spectroscopy (50). Together, these studies provide fasci-
nating glimpses into strategies adopted by B12-dependent enzymes for control-
ling radical trajectories and stereospecificity of hydrogen atom abstraction.
Rearrangement Mechanisms
The differences in the chemical reactivities of the groups that are rearranged by
B12-dependent isomerases have necessitated the reliance on different strategies
for achieving their rearrangements (Figure 6). Crystal structure determinations
combined with computational studies have played a synergistic role in guiding
mutational and kinetic studies aimed at understanding the mechanisms of
rearrangement. In this section, isomerizations catalyzed by diol dehydratase,
methylmalonyl-CoA mutase, and glutamate mutase are discussed in detail as
prototypes for rearrangement mechanisms for B12-dependent isomerases.
In diol dehydratase, an active site potassium coordinates to the two hydroxyl
groups of the substrate that replace two water molecules in the resting enzyme
(Figure 6). It is seven-coordinate with the remaining ligands being supplied by
the protein (15). Experiments with 18O-labeled propane 1,2 diols have demon-
strated that the oxygen atom that is eliminated is derived from the O1 or O2
hydroxyl depending on the chirality at C2 of the substrate (51). These results
necessitate the formation of a 1,1 gem-diol as an obligatory intermediate in the
dehydration of propanediol and, in analogy, of ethanediol catalyzed by diol
dehydratase.
Computational studies have been conducted to examine the energetics for
alternative pathways for rearrangement (52–54). A transition state for migration
was found only for the concerted mechanism but not for the stepwise pathway in
which the hydroxyl group dissociates from C2 before adding to C1 (52). Ab initio
studies have led to the proposal of a retro-push-pull mechanism in which the
migration barrier is reduced by a combination of partial protonation and depro-
tonation of the migrating and spectator hydroxyl groups respectively (53).
Candidate active site residues that could participate in such a mechanism are
E170, positioned for pull catalysis with respect to the spectator hydroxyl, and
H143, poised for retro-push catalysis via hydrogen bonding to the migrating
hydroxyl (Figure 6). Potassium, whose Lewis acidity is expected to be dimin-
ished by the seven oxygen atoms surrounding it in the active site, appears to be
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chiefly important in binding and orienting the substrate rather than in lowering
the migration barrier (53, 54).
Polar radical pathways are also predicted for the carbon skeleton rearrange-
ments catalyzed by methylmalonyl-CoA mutase and glutamate mutase. How-
ever, a key difference between the two reactions is the migration of an sp2-
hybridized carbon in methylmalonyl-CoA mutase and an sp3 center in glutamate
mutase. For the methylmalonyl-CoA mutase-catalyzed reaction, both fragmen-
tation/recombination and intramolecular addition/elimination pathways can be
entertained. However, computational studies indicate that the energetic barrier
for the intramolecular pathway is lower than for the dissociative pathway and
reveal that partial proton transfer to the migrating group would facilitate re-
arrangement (55, 56). H244 is positioned in the active site of methylmalonyl-
CoA mutase to serve as a general acid and engage in a hydrogen bonding
interaction with the substrate carbonyl group (Figure 6). Mutation of H244 (to
glycine, alanine, or glutamine) results in a 102-103-fold decrease in kcat and loss
of one of the two kinetic pKa’s seen in the wild-type enzyme (57, 58). The
overall integrity of the mutant enzyme is confirmed in the crystal structure of the
H244A mutant, which is superimposable on that of the wild-type enzyme (58).
The impact of the H244 mutation on rearrangement was evaluated by monitoring
the ratio of tritium partitioned from the 5 position of AdoCbl to substrate and
product as a function of which was used to initiate this reversible isomerization
reaction (58). The partition ratio was altered with respect to wild-type enzyme
and was sensitive to the direction of the reaction in contrast to the reaction
catalyzed by the wild-type enzyme. These results indicate that a catalytic penalty
incurred by mutation of H244 is an increase in the rearrangement barrier.
Interestingly mutation of this residue greatly enhances the oxidative sensitivity
and leads to frequent interception of cob(II)alamin during the reaction indicating
that H244 plays a key role in protecting radical intermediates (57, 58).
Glutamate mutase is the only known carbon skeleton isomerase in which a
saturated carbon moiety undergoes migration. A cyclic intramolecular pathway is
chemically implausible for this reaction, while a fragmentation/recombination
route is feasible. Rapid quench flow studies have provided evidence for the
formation of a glycyl radical and acrylate at kinetically competent rates, although
the amount of these species detected was very low (59). Ab initio molecular
orbital calculations predict that the fragmentation barrier for a neutral substrate
is significantly lower than for one in which the glutamyl radical is either
deprotonated or protonated (60). Three arginine residues interact with the two
carboxylate groups while E171 is within hydrogen bonding distance to the
-amino group of the substrate in the active site of glutamate mutase (Figure 6).
Mutation of E171 to glutamine decreases kcat 50-fold and alters the pH profile
for Vmax (61). In addition, the overall deuterium isotope effect decreases from
DV  4.6 in wild type to 2.1 in the mutant, which indicates that some other step
contributes more significantly to limiting the reaction rate in the mutant.
Together, these data are consistent with a role for the glutamate residue as a
221B12-DEPENDENT ENZYMES
Fi
gu
re
6
A
lte
rn
at
iv
e
pa
th
w
ay
s
fo
r
th
e
re
ar
ra
n
ge
m
en
tr
ea
ct
io
ns
in
re
pr
es
en
ta
tiv
e
m
em
be
rs
o
f
A
do
Cb
l-d
ep
en
de
nt
iso
m
er
as
es
.
222 BANERJEE y RAGSDALE
Fi
gu
re
6
Co
nt
in
ue
d.
223B12-DEPENDENT ENZYMES
general base that deprotonates the -amino group and facilitates the rearrange-
ment reaction.
In the subclass of aminomutases encompassing D-lysine 5,6 aminomutase (62)
and D-ornithine aminomutase (63), an entirely different strategy is employed for
stabilization of the migrating group. These enzymes are dependent on pyridoxal
phosphate, and the amino group of the substrate forms a Schiff base with this
cofactor. The resulting sp2 hybridized amino group can then undergo rearrange-
ment via an intramolecular addition/elimination pathway (64). Computational
studies predict that protonation of the pyridoxal phosphate ring would enhance
the reaction via captodative stabilization of the cyclic intermediate (65).
Although the strategies deployed by B12-dependent enzymes to orchestrate the
approximately trillion fold rate acceleration in cleavage of the Co-carbon bond
has been the focus of much attention, an equally amazing facet of these reactions
is the magnitude of stabilization afforded for reactive carbon radical intermedi-
ates. Mutagenesis studies guided by crystal structures, in concert with compu-
tational studies, are beginning to illuminate this issue and reveal the roles of
active site residues in stabilizing intermediates and facilitating the rearrangement
reaction.
Mechanism-Based Inactivation and Reactivation of
Isomerases
B12-dependent isomerases exhibit both substrate-induced and oxygen-dependent
lability, which leads to the gradual accumulation of inactive enzyme during
turnover. The relative susceptibilities of these enzymes to inactivation vary over
at least 8 orders of magnitude, from 0.7 min1 in lysine 5,6 aminomutase (66) to
4  108 min1 in methylmalonyl-CoA mutase [estimated from data in (58)].
In the latter enzyme, inactivation is dependent on the presence of oxygen and,
although the mechanism has not been investigated, presumably results from
interception of cob(II)alamin and/or the organic radical by oxygen during
catalytic turnover.
Substrate-dependent inactivation of lysine 5,6 aminomutase does not require
the presence of oxygen. Interestingly in this enzyme, radical extinction occurs by
intermolecular electron transfer from cob(II)alamin to either the substrate or
product radical. This leads to the formation of oxidized, cob(III)alamin and a
carbanion that is rapidly quenched by protonation. Similar mechanism-based
inactivation has been observed with substrate and cofactor analogs in other
systems (67, 68). Substrate-dependent inactivation has also been observed in diol
dehydratase and glycerol dehydratase, but the mechanism has not been elucidated
(69–71).
Because glycerol dehydratase and its isofunctional enzyme, diol dehydrate,
play an essential role in glycerol fermentation in some bacteria, their propensity
to undergo substrate-induced inactivation poses a conundrum. A clue to the
existence of a repair system came from the demonstration that glycerol-inacti-
vated enzymes in permeabilized bacterial cells are rapidly reactivated by the
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exchange of modified cofactor for intact AdoCbl in the presence of ATP and
Mg2 (72, 73). This in turn led to the discovery of a class of B12 chaperones that
function to release inactive cofactor from their target isomerases and regenerate
apoenzyme that can be reloaded with AdoCbl (Figure 7) (74, 75).
The chaperone for diol dehydratase has been best characterized and exists as
an 22 complex (76). It exhibits low intrinsic ATPase activity and forms a tight
complex with diol dehydratase and ADP. It is in this complex that inactive
cofactor is eliminated from the isomerase and binding of ATP results in
dissociation of the chaperone-target enzyme pair. The resulting apoenzyme can
bind AdoCbl to form active holoenzyme.
B12-DEPENDENT METHYLTRANSFERASES
The B12-dependent methyltransferases play an important role in amino acid
metabolism in many organisms (including humans) as well as in one-carbon
metabolism and CO2 fixation in anaerobic microbes. In this section, we describe
the general characteristics of methyltransferase reactions, then discuss specific
methyltransferases and their metabolic roles, and conclude with a discussion of
their reaction mechanism.
Figure 7 Postulated mechanism of reactivation of diol dehydratase by an ATP-
dependent chaperone.
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Classes of B12-Dependent Methyltransferases
As a subclass of the group transfer enzymes, B12-dependent methyltransferases
catalyze the movement of a methyl group from a methyl donor to a methyl group
acceptor (Figure 8), where X and Nuc are the leaving group and the nucleophile,
respectively. Three components are required for the methyl transfer reaction, and
each component is found on a different polypeptide or domain (Figure 9). A
specific three-component system is utilized for each methyl donor. A B12-
containing protein alternatively undergoes methylation by an MT1-component,
which binds the methyl donor (CH3-X), and demethylation by an MT2 compo-
nent, which binds the final methyl group acceptor (Y).
There are two MT1 classes: one subclass binds simple substrates like meth-
anol (MtaB), methylated amines (MttB, MtbB, MtmB), methylated thiols
(MtsB), methoxylated aromatics (MtvB), and methylated heavy metals, while the
™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™3
Figure 9 Three components of the B12-dependent methyltransferases. Three components
are required for the methyl transfer reaction; each component is found on a different
polypeptide or domain. Mt designates methyltransferase, while the third letter denotes the
methyl donor (a, methanol; v, vanillate; m, methylamine; t, trimethylamine; and s,
dimethylsulfide). Acs designates that the protein is a component of the acetyl-CoA synthase
(ACS) operon, with AB denoting the CODH/ACS, CD the two subunits of the CFeSP, and
E the methyltetrahydrofolate:CFeSP MeTr. The last letter designates the specific compo-
nent: B methylates the corrinoid protein, C is the corrinoid protein, and A methylates CoM.
Thus, B12-containing protein (Mt_C) alternatively undergoes methylation by a MT1- or
Mt_B- component, which binds and activates the methyl donor, and demethylation by a
MT2 or Mt_A homolog that binds the final methyl group acceptor.
Figure 8 Methyl donors and acceptors used by the B12-dependent methyltrans-
ferases. B12-dependent methyltransferases catalyze the movement of a methyl group
from a methyl donor (X-CH3) to a methyl group acceptor (Nuc), where X and Nuc
are the leaving group and the nucleophile, respectively.
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other catalyzes methyl transfer from CH3-H4folate (AcsE-MeTr) and the methano-
genic analog, methyltetrahydromethanopterin (CH3-H4MPT). Transfer of a methyl
group from MT1 to the second B12-containing component leads to formation of an
organometallic methylcobalt intermediate. The third component (MT2) catalyzes
transfer of the Co-bound methyl group to an acceptor (e.g., CoM, acetyl-CoA
synthase, and H4MPT). All the MT2-type enzymes isolated so far contain Zn, which
coordinates to and thereby activates the thiolate methyl acceptor (Figure 9B). The
methyl transfer to CODH/ACS involves a different type of reaction in which the
methyl group appears to be transferred from cobalt to nickel.
Methionine Synthase
Methionine synthase from Escherichia coli (MetH) is the most extensively
studied B12-dependent methyltransferase. It catalyzes transfer of the methyl
group from CH3-H4folate to homocysteine to form methionine and H4folate
(Figure 10) (77–78a). Compared to model reactions, methyl transfer from
enzyme-bound CH3-H4folate to Co(I) is accelerated 35-million-fold and, from
CH3-Co(III) to bound homocysteine, 6-million-fold (77). Methionine synthase is
a modular enzyme containing separate binding domains for homocysteine,
CH3-H4folate, B12, and AdoMet (79) (Figure 11). The B12 domain in its different
oxidation states must interact punctually and specifically with each of the other
three domains: The Co(I) form with the CH3-H4folate binding domain, the Co(II)
form with the AdoMet binding domain, and the CH3-Co(III) form with the
homocysteine binding domain. The various conformational changes required to
accomplish this molecular juggling act apparently are rate limiting during
steady-state turnover (77).
The independently expressed modules of methionine synthase retain most of
the functional properties of the native protein (79). A serendipitous proteolytic
cleavage of methionine synthase in the crystallization process excised the B12
binding domain, which led to the first crystal structure of a protein-bound B12
(80). Surprisingly, cobalamin binding is accompanied by replacement of the
lower axial benzimidazole ligand by a histidine residue to generate the His-on
conformation (Figure 1B). The histidine residue is part of a catalytic triad
consisting of H759, D757, and S810 that controls the coordination state of cobalt,
i.e., His-on or His-off, by modulating the protonation state of the histidine.
Methyltransferases Involved in Anaerobic CO2 Fixation
and Energy Metabolism
Derivatives of B12 play key roles in energy metabolism and in cell carbon
synthesis in anaerobic microbes such as methanogenic archaea (81) and aceto-
genic bacteria (82).
ACETOGENESIS AND B12 Acetogenic bacteria are important in the carbon cycle
for degrading a wide variety of compounds derived from lignin and complex
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carbohydrates and for fixing CO2 and the toxic gas, CO. The key methyl donors
are CH3-H4folate, methoxylated aromatics (CH3-OAr), methanol, and CH3-
Co(III), although the important methyl acceptors are Co(I), and Ni(I) (Figure 8).
The B12-dependent reactions are catalyzed by CODH/ACS (AcsAB), vanillate
O-demethylase (MtvABC), and the corrinoid iron-sulfur protein (AcsCD)
(CFeSP) and its methyltransferase (AcsE) (Figure 9). These methyltransferase
reactions feed into the central CO/CO2 fixing and energy yielding metabolic
pathway, which is called the Wood-Ljungdahl pathway (83).
CH3-H4folate is formed by a six- or four-electron reduction from CO2 or CO,
and the methyl group becomes the methyl of acetic acid (Figure 12). The CFeSP
interfaces with two completely different types of proteins: a methyltransferase
and CODH/ACS. The AcsE-methyltransferase catalyzes transfer of a methyl
group from CH3-H4folate to the CFeSP, whereas the reaction with CODH/ACS
involves methyl migration from the CFeSP presumably to Ni(I) in ACS. MeTr is
a small dimeric protein containing two equivalent 33 kDa subunits and is a
member of the TIM barrel protein family, which contains 8 beta strands and 8
alpha helices (84) (Figure 13A). AcsE-MeTr shares significant sequence homol-
ogy with residues 340–580 of the E. coli methionine synthase where CH3-
H4folate is presumed to bind (84). In AcsE-MeTr, CH3-H4folate binds within a
negatively charged cleft in the alpha-beta barrel (85) (Figure 13B). Residues
Figure 10 Reactions catalyzed by cobalamin-dependent methionine synthase. Dur-
ing the catalytic cycle, B12 cycles between CH3-Co(III) and Co(I). Occasionally,
Co(I) undergoes oxidative inactivation to Co(II), which requires reductive activation.
During reactivation, the methyl donor is AdoMet, and the electron donor is reduced
flavodoxin in E. coli (78a) and methionine synthase reductase in humans (138).
229B12-DEPENDENT ENZYMES
230 BANERJEE y RAGSDALE
D75, N96, and D160 interact with the pterin substrate in AcsE-MeTr and are
strictly conserved in methionine synthase.
After a role for cobamides was discovered in acetogenesis (86, 87), twenty
years elapsed before the physiological methyl carrier, the CFeSP, was isolated
(88). When this protein was purified to homogeneity and characterized, a
modified form of B12, 5-methoxybenzimidazolylcobamide, and a [4Fe-4S]2/1
cluster were found; thus the name corrinoid iron-sulfur protein was proposed
(89). A distinguishing feature of the CFeSP is its base-off His-off conformation,
i.e., neither the intramolecular benzimidazole base nor a protein-derived histidine
residue coordinates to the cobalt in any of its redox states (89–91). The absence
of a lower axial ligand is believed to be important for promoting heterolytic
cleavage of the Co-C bond and disfavoring homolytic cleavage (89, 92).
4™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™™
Figure 11 Modular structure of methionine synthase. The four modules are connected by
flexible linker regions, shown as hinges, that facilitate a molecular juggling act, which
allows the CH3-H4folate-, AdoMet-, or homocysteine-binding domains to alternatively
access the B12-binding module. The region of the amino acid sequence comprising each
module is shown below the diagram. From Figure 3 of (77).
Figure 12 (A) The Wood-Ljungdahl Pathway. ACS, acetyl-CoA synthase; CODH,
CO dehydrogenase; CFeSP, corrinoid iron-sulfur protein; and MeTr, AcsE-methyl-
transferase. (B) B12-dependent methyltransferases in methanogenesis. The letters on
the individual steps designate MeTr reactions that are discussed in the text.
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Furthermore, removal of the lower axial ligand is correlated with an increase in
the midpoint potential of the Co(II)/(I) couple by ca. 150 mV, which would favor
the active Co(I) state within the cell (92).
O-DEMETHYLASES Another B12-dependent methyltransferase that is important
to acetogenic microbes is the O-demethylase, which couples the demethylation of
an aromatic methyl ether to the formation of CH3-H4folate (Figure 12) (93).
Anaerobic cleavage of the methyl group in an O-demethylation reaction leaves
the ether oxygen in the phenolic product (94), which is excreted. The methyl
group is further metabolized by the Wood-Ljungdahl pathway (Figure 12A).
The proteins involved in the O-demethylation reaction are MtvA, -B, and -C,
which are induced when Moorella thermoacetica is exposed to the phenyl-
methylether (95). In this three-component system, MtvB binds the phenylmethyl-
ether and catalyzes methyl transfer to form a CH3-Co species bound to MtvC.
MtvA binds H4folate and catalyzes transmethylation from CH3-Co(III) to form
CH3-H4folate (96–99).
METHANOGENESIS AND B12 In methanogens, the key methyl donors are CH3-
H4MPT, methanol, protein-bound CH3-Co(III), methylthiols, methylamines, and
CH3-SCoM, while the methyl acceptors are CoM, homocysteine, Co(I), and Ni(I)
(Figure 8). The cobalamin-dependent reactions involve MtaABC, MtmABC,
MttABC, MtsAB, MtrH, and CODH/ACS (CdhABC). The methanogenic methi-
onine synthase at least in one methanogen appears to be a B12-dependent enzyme
(100).
Figure 13 Structure of the AcsE-MeTr. (A) TIM barrel fold of the dimeric MeTr.
(B) Electrostatic diagram showing CH3-H4folate binding within a negatively charged
cleft in the TIM barrel.
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Conversion of the methyl group of acetyl-CoA to methane by acetoclastic
methanogens involves 4 methyl transfer steps (Figure 12B, Steps A–D). This
reaction sequence is essentially the reverse of acetyl-CoA synthesis by acetogens
(above). In methanogens, acetyl-CoA is disassembled by the bifunctional
CODH/ACS (CdhABC) (Step A) (101) to form enzyme-bound intermediates
(E-CO, E-SCoA, E-CH3). CO undergoes oxidation and is released as CO2, CoA
is released into solution, and the methyl group is transferred first to a CFeSP and
then to H4MPT en route to methane (102, 103).
Methylotrophic methanogenesis denotes the generation of methane from
simple methyl group donors like methanol, tri-, di-, and mono-methylamines and
methylsulfides. Methylamines are important methane precursors in marine envi-
ronments, where they arise from the breakdown of common osmolytes (104).
Dimethylsulfide is responsible for up to 90% of the sea to air biogenic sulfur flux
and is produced by marine phytoplankton as the main volatile sulfur compound
emitted from the ocean (105). The methylotrophic MT1 enzymes catalyze
transfer of the methyl group from methanol (MtaB), methylamines (MtbB and
MttB), and methylthioethers (MtsB) to their specific cognate corrinoid proteins (106,
107) (Figure 9, reaction E in Figure 12B, and Figure 14). The MtmB structure (108)
Figure 14 Different systems for activation of B12-dependent methyltransferases.
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reveals a TIM-barrel fold, like the AcsE-MeTr. An unusual feature of the methyl-
amine methyltransferases is a novel amino acid, pyrolysine, which is encoded by a
UAG codon within the coding regions of the mtmB, mtbB, and mttB genes (109).
MtsB of the methylthiol:CoM methyl transferase contains both the methanethiol-
binding protein and its corrinoid protein on a single subunit (110), which, like all the
corrinoid proteins involved in methylotrophic methanogenesis, is homologous to the
B12-binding domain of methionine synthase (106, 107, 110). The MT2-dependent
methylation of CoM generates CH3-SCoM, the direct methane precursor from all
methanogenic substrates (112).
A novel bioenergetic mechanism is exhibited by the MT2-like component of
the methyltetrahydromethanopterin:CoM methyltransferase (Mtr) (113). This
membrane-bound enzyme contains 8-subunits (MtrA-H) and generates a sodium
ion gradient, which is used to produce ATP (114, 115). The reaction involves the
methylation of the Co(I) center in MtrA by MtrH [MtrH is homologous to the
AcsE-MeTr (116)] followed by transfer of the methyl group from CH3-cobalt to
CoM by one of the components of the MtrA-H complex. The latter step is the
energy-yielding component of the reaction (114).
Mechanism of Methyl Transfer
The key steps in the methyltransferase mechanism are substrate binding, activa-
tion of the methyl group to enhance its reactivity toward nucleophilic attack,
activation/generation of the Co(I) nucleophile, the methyl group transfer reaction
itself, and product release.
BINDING AND ACTIVATION OF THE METHYL GROUP AND METHYL GROUP DONOR
CH3-H4folate binds tightly to the AcsE-MeTr from M. thermoacetica within a
negatively charged region in the crevice (Figure 13B) of a TIM barrel structure
(84). The Methanosarcina barkeri monomethylamine methyltransferase (MtmB)
shares this TIM barrel fold (108) and, based on sequence homology with
AcsE-MeTr (84), the CH3-H4folate binding domain of methionine synthase is
predicted to also adopt this fold.
Methyl transfer from a tertiary amine requires activation of the methyl donor.
Protonation at N5 is a plausible mechanism, which is consistent with the
observed proton uptake during the reaction (117). This would lower the activa-
tion barrier to nucleophilic displacement of the methyl group by the Co(I)
nucleophile. Proton transfer could occur either in the binary complex between
enzyme and CH3-H4folate (117, 118) or later along the reaction coordinate (119).
The second-order rate constant for the AcsE-MeTr-catalyzed reaction of CH3-
H4folate and the CFeSP (120) or of methionine synthase (2-649) with exogenous
cobalamin (77) increases as the pH is lowered; this exhibits an apparent pKa of
5.6–6.0. The reverse reactions exhibit the opposite pH-rate profile, with the
second-order rate constant decreasing as the pH is lowered. Binding of CH3-
H4folate to AcsE-MeTr results in proton uptake from solution (117), which
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suggests protonation in the binary complex. However, the MetH (2-649) domain
does not bind protonated CH3-H4folate, and proton release rather than proton
uptake accompanies formation of the binary complex (119). Thus, while it is
clear that general acid catalysis is involved in the methyl transfer reaction,
whether this occurs in the binary complex, in the ternary complex (with the
methyl acceptor), or in the transition state for the methyl transfer reaction
remains open. Methionine synthase and AcsE-MeTr appear to differ in this
aspect of catalysis.
Activation of the methyl group of other methyl donors (methanol, methyl
amines, and methane thiols) is less well understood. Although one possibility is
protonation, another is coordination of the heteroatom of the methyl donor
substrate to a Lewis acid. Activation of methanol in the methanol methyltrans-
ferase system requires Zn (121), and ligation of methanol to the Zn2 ion in the
methanol methyltransferase system (81) is presumed to be important. Model
studies support a role for Zn2 in catalysis of methyl transfer to Co(I) (122).
In the MT2-type reactions involving transfer of the methyl group from
CH3-Co(III) (Figure 9), activation of the methyl acceptor is required. The
substrates for methionine synthase and the CoM methyltransferases (homocys-
teine or CoM) are not very nucleophilic in their protonated state, which is the
predominant form at physiological pH. For homocysteine, the thiol exhibits a
microscopic pKa of 9.0 when the amino group is protonated (123). The pH-
activity profile of the reaction of 2-mercaptoethanol with MeCbl indicates
participation of the thiolate as a nucleophile (124). In the enzymatic system, the
thiolate appears to be generated by ligation to an active-site Zn2 (125). The
homocysteine-binding module of methionine synthase contains a zinc ion, which
is coordinated to three cysteine residues and one O/N ligand in its resting state
(126). Homocysteine replaces the O/N ligand to form a tetrahedral Zn-S4 site
(127). Similarly, Zn-dependent activation appears to be important in MT2-type
reactions involving transfer of the methyl group of CH3-Co(III) to CoM (121, 128).
ACTIVATION OF COBALAMIN Co(I) in B12 is a supernucleophile, with a Pearson
constant of 14 (129), and is weakly basic, with a pKa below 1 for the Co(I)-H
complex (130). Thus, Co(I), with a free lone pair of electrons, is poised for
nucleophilic attack on an activated methyl group. Co(I) is also highly reducing,
with the redox potential for the Co(II)/(I) couple below 500 mV (92, 131, 132).
These properties make Co(I) fairly unstable and easy to oxidize. In the anaerobic
microbial system (AcsA-E), the cobalt center is oxidized to the inactive Co(II)
state once in every 100 turnovers (133). In methionine synthase, oxidative
inactivation is estimated to occur once every 2000 turnovers (134). Reductive
reactivation is necessary for reentry to the catalytic cycle, a feature common to
all the B12-dependent methyltransferases. A number of different reactivation
systems have evolved to accomplish this (Figure 14).
An important aspect of reactivation, which was first shown for the acetogenic
CFeSP (89) and is probably shared among all B12-dependent methyltransferases,
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is that the cofactor adopts a base-off conformation. The base-off His-on confor-
mation is found in many B12-dependent methyltransferases (135), whose
sequences contain a consensus motif (DXHXXG), where H represents the lower
axial histidine ligand. In the acetogenic system, the Co(II) state of the CFeSP
appears to already be four-coordinate, which facilitates electron transfer to form
a four-coordinate Co(I) state (89–92). Electron transfer occurs from an external
electron donor (CO, H2, pyruvate) to an oxidoreductase (CODH, hydrogenase,
pyruvate ferredoxin oxidoreductase), to a low-potential ferredoxin, to the [4Fe-
4S] cluster in the AcsC subunit of the CFeSP, which transfers an electron to
Co(II) (133).
Another pathway for reductive reactivation is exemplified by methionine
synthase, where an unfavorable one-electron reduction of the inactive Co(II) to
the Co(I) state is coupled to the highly exergonic demethylation of AdoMet to
form MeCbl (136, 137). This is a striking example of how coupling of an
unfavorable redox reaction to a highly favorable chemical reaction can markedly
affect the apparent Co(II)/(I) redox potential (136). In E. coli, flavodoxin is the
proximal electron donor, while in humans, the electron donor is methionine
synthase reductase (138). Besides the requirement for a low potential electron
donor, the lower axial histidine ligand to the cobalt of methionine synthase must
be removed to facilitate reduction of the inactive Co(II) enzyme. A catalytic triad
consisting of H759, D757, and S810 appears to facilitate removal of the axial
histidine ligand by its protonation. Proton uptake is associated with reduction of
Co(II) to Co(I) (139). In fact, binding of flavodoxin is sufficient to induce the
conversion of 5- to 4-coordinate Co(II) (139), the coordination state naturally
found in the Co(II) form of the acetogenic CFeSP. Generation of a 4-coordinate
Co(II) complex also is an intermediate step in the electrochemical reduction to
the Co(I) state of B12 in solution (139a).
A third ATP requiring activation system is exhibited by the MT2-type
methanol- and methylamine-methyltransferases (140). A protein, which is called
RamM, appears to contain two [4Fe-4S clusters] that are involved in catalyzing
the ATP-dependent reductive activation of any of the methylamine MT2-type
methyltransferases (Joseph Krzycki, personal communication). ATP-dependent
activation also appears to be required for the aromatic O-demethylase from some
acetogens (141).
THE METHYL TRANSFER: HETEROLYSIS VERSUS HOMOLYSIS, SN2 VERSUS OXIDATIVE
ADDITION Theoretically, a methyl group can be transferred as a cation, radical,
or anion (Equations 1–3). Although, of the reactions shown in Figure 8, only the
methionine synthase and Wood-Ljungdahl pathway reactions have been studied
in sufficient detail to assign the oxidation states of the reaction intermediates, it
seems reasonable to conclude that all the methyltransferases share a common
mechanism that involves transfer of the methyl group formally as a carbocation
and cycling of the cobamide cofactor between Co(I) and CH3-Co(III) (Equation
1). Transfer of a radical would involve a Co(II) intermediate, either in the
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activation of the methyl group (Equation 2B) or after homolytic cleavage
(Equation 2A). Mutagenesis, rapid kinetics, and single-turnover studies of the
methyl transfer reactions in the Wood-Ljungdahl pathway indicate the absence of
either Co(II) intermediates or electron transfer reactions during the catalytic
cycle (120, 133, 142, 143). Additionally, there is no evidence for a methyl anion
transfer, which would result in a Co(III) product or intermediate after Co-C bond
cleavage (Equation 3).
Heterolysis/SN2: CH3-Co(III)3 CH3	  Co(I) 1.
Homolytic cleavage: CH3-Co(III)3 CH3•	  Co(II) 2a.
Electron transfer/homolysis: CH3-Co(III)
 1 e3 CH3-Co(II)3 CH3•	  Co(I) 2b.
Heterolysis: CH3-Co(III)3 CH3	  Co(III) 3.
The heterolytic cleavage of the Co-C bond could occur by an SN2-type reaction
or by an oxidative addition reaction (77). An SN2 reaction (Figure 15A) involves
back-side attack on the methyl group, which leads to inversion of configuration
at carbon. This mechanism requires in-line geometry of the methyl group donor
and the methyl group acceptor. The oxidative addition reaction (Figure 15B) is
a ligand substitution or ligand interchange reaction in which the dz2 orbital of the
Co(I) initially bonds with the methyl carbon and with the heteroatom to which
the CH3 group is attached and would lead to retention of configuration at the
transferred carbon. As pointed out by Matthews (77), the critical issue for an
oxidative addition mechanism is whether CH3-H4folate can be positioned close
enough to the corrin ring to afford the appropriate steric and symmetry interac-
tions necessary for orbital overlap. The empty 4s cobalt orbital would hybridize
with the symmetry-matched  orbital of the C-N bond and the filled 3dxz or 3dyz
cobalt orbital of the metal would hybridize with the empty * orbital of the C-N
bond to weaken the N5-methyl bond of CH3-H4folate.
Stereochemical analyses of the overall reactions catalyzed by the Wood-
Ljungdahl pathway (144) and by methionine synthase (145) are consistent with
two consecutive SN2-type reactions, i.e., transfer of the methyl group first to
Co(I) and subsequently to the A-Cluster of ACS or to homocysteine respectively.
However, the individual methyl transfer reactions, e.g., CH3-H4folate to acetyl-
CoA (or methionine), have not been interrogated. Therefore, the stereochemical
results for the overall reaction require that the MT1- and MT2-catalyzed half
reactions occur by the same reaction mechanism, i.e., either two SN2 or two
ligand interchange reactions, because either would yield net retention of the
stereochemical configuration. Crystallization of a binary complex of CH3-
H4folate with intact methionine synthase or a ternary complex of CH3-H4folate
with AcsE-MeTr and the CFeSP would illuminate the mechanism of methyl
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transfer by revealing the relative orientations of cobalt, the methyl group, and the
heteroatom attached to the methyl group.
B12-DEPENDENT REDUCTIVE DEHALOGENASES
Classes of Dehalogenases and Their Environmental Role
Anaerobic microbes containing B12-dependent reductive dehalogenases play an
important role in the detoxification of aromatic and aliphatic chlorinated organ-
ics, which include compounds on the EPA priority pollutant list such as
chlorinated phenols, chlorinated ethenes, and PCBs (146, 147). Exposure to these
compounds induces a host of genes involved in removing the chloride ion. Both
aerobic and anaerobic microbes can perform dehalogenation; however, anaerobic
bacteria are more efficient in removing halogen atoms from polyhalogenated
compounds (148). Desulfomonile tiedjei was the first dehalogenating anaerobe to
be isolated and characterized (149), and 20 strains of anaerobic organisms
capable of reductive dehalogenation have so far been isolated, including Desul-
fomonile, Desulfitobacterium, and Dehalobacter.
Substrate Specificity and Bioremediation
Organisms have distinct preference for the chlorine substituent they can remove;
for example, D. tiedjei removes the meta chlorine group of chlorophenols and
chlorobenzoates (149), while Desulfitobacterium dehalogenans (150), Desulfito-
bacterium hafniense, and Desulfitobacterium chlororespirans (151–153) deha-
logenate at the position ortho to a hydroxy group. D. dehalogenans can also
dehalogenate hydroxy-PCBs (154). On the other hand, Desulfitobacterium frap-
pieri PCP-1 catalyzes dehalogenation of chlorophenols (155) or anilines with
chlorine groups at the ortho, meta, and para positions. D. tiedjei also can
dehalogenate trichloroethylene (156). The purified D. chlororespirans enzyme
can catalyze the dechlorination of a hydroxy-PCB (3,3,5,5-tetrachloro-4,4-
biphenyldiol) (153),
R-Cl  2 e  2 H3 RH  HCl. 4.
There are two major classes of anaerobic dehalogenases: the heme containing
3-chlorobenzoate reductive dehalogenase from D. tiedjei (157) and the vitamin
B12-dependent enzymes. The B12-dependent reductive dehalogenases, most of
which also contain iron-sulfur clusters, are either embedded in or attached to the
membrane by a small anchoring protein. This membrane association is important
in linking the dehalogenation reaction to the electron transport pathway of
anaerobic respiration.
The gene encoding the reductive dehalogenase (CprA) is embedded in a
cluster of genes that encodes a membrane anchor (CprB), a membrane-associated
regulatory protein (CprC), a DNA binding protein (CprK), and several chaper-
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ones (CprT, CprD, CprB) (158). Several B12-dependent dehalogenases have been
purified, including the 3-chloro-4-hydroxy-phenylacetate reductive dehalogenases
from D. hafniense (159) and D. dehalogenans (160), the 3-chloro-4-hydroxybenzo-
ate dehalogenase from D. chlororespirans (153), and the haloalkane (perchloroeth-
ylene and trichloroethene) dehalogenases from Desulfitobacterium strain PCE-S
(161), Dehalobacter restrictus (162), and Dehalobacter multivorans (163, 164).
These proteins contain a corrinoid, a [4Fe-4S] cluster, and a [3Fe-4S] cluster per
monomeric unit. In some anaerobes, an unusual corrinoid cofactor appears to be
present, because a recently isolated strain of D. multivorans that contains the standard
corrinoids, but lacks the corrinoid cofactor that has been identified in the dehaloge-
nase, is unable to dehalogenate TCE (165). Multiple dehalogenases are evident in the
genome sequence of D. hafniense strain DCB-2 (166). Seventeen genes homologous
to reductive dehalogenases are present in Dehalococcoides ethenogenes strain 195
(Steve Zinder, personal communication). Thus, the ability of certain dehalorespiring
microbes to metabolize various types of chlorinated organic compounds (e.g.,
chloroalkanes plus chlorobenzoates) is conferred by separate (but homologous)
enzymes (167).
Role of Cobalamin: Organometallic Adduct or Electron
Transfer?
The role of B12 in the reductive dehalogenases appears to be significantly
different from those of the AdoCbl-dependent isomerases and the MeCbl-
dependent methyltransferases. Mechanistic studies on the anaerobic dehaloge-
nases have lagged behind studies on the aerobic enzymes. Two working models
for the mechanisms of dehalorespiring reductive dehalogenases are shown in
Figure 16. In Path A, an organocobalt adduct is formed as in the methyltrans-
ferases. In Path B, the corrinoid serves as an electron donor. In Path A, the halide
is eliminated as the aryl-Co(III) intermediate is formed. Path B resembles the
Birch reduction of hydroxylated aromatics in which a radical anion is formed.
Both mechanisms assume that the corrinoid is the site of dehalogenation based on
the ability of B12 to catalyze dehalogenation in solution (168) and light-reversible
inhibition by propyl iodide, a characteristic of corrinoid-dependent reactions
(162, 169). Because only low potential reductants can drive this reaction, Co(I)
is likely to be the active species; however, none of the dehalogenases-bound
intermediates shown in Figure 16 have been identified. When B12 is reacted with
perchloroethylene, the Co(I) spectrum disappears as Co(II) is formed, and it is
consistent with pathway B, which involves radical intermediates and Co(I) as an
electron donor without an organocobalt intermediate. (170). Radical trap exper-
iments provide further evidence for pathway B.
The kcat for dehalogenation of 3-chloro-4-hydroxybenzoate by the D. chlo-
rorespirans dehalogenase is 2.3-fold higher in 100% H2O than in 100% 2H2O,
and the proton inventory plot is linear, which indicates that a single proton is
transferred in a partially rate limiting reaction in the dehalogenase mechanism
(153). These results suggest deprotonation of an active-site water molecule,
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because deuterium from solvent is incorporated specifically into the carbon of
2,5-dichlorobenzoate that undergoes dehalogenation (171).
Energy Conservation by Dehalorespiration
Bacteria derive energy by dehalorespiration, which couples the dehalogenation
reaction to an electron transfer chain. The energetics are favorable because low
potential reductants like pyruvate, formate, or hydrogen, with redox potentials
below 400 mV, donate electrons to fairly oxidizing electron acceptors (the
RCl/RH couple are between 250 and 600 mV) (148, 172). For example, for
perchloroethylene dechlorination, 189 kJ per mol of H2, is available, equivalent
to 2.5 ATP. However, with pyruvate as the electron donor, only 1 mol of ATP
or less per mol of chloride was removed (167, 173). This poor efficiency may
reflect the recent evolution of the ability to metabolize these man-made com-
pounds, most of which are not naturally produced.
Inhibition of dehalorespiration by uncouplers indicates a chemiosmotic ATP
synthesis mechanism (174) and implies that the dehalogenase and the electron
donating enzymes are membrane associated. The reductive dehalogenases appear
to face the inside and the hydrogenases to face the outside of the cytoplasmic
membrane (162, 175). A b-type cytochrome(s) (176) and menaquinone are
believed to be involved in the electron transport chain (177).
Many fundamental questions regarding the reaction mechanism of dehalogenases
remain. Are organocobalt adducts analogous to those in B12-dependent methyltrans-
ferases formed? How is the chloride replaced by a hydride equivalent? Does the
reaction involve radical intermediates? A hurdle in mechanistic studies has been the
very poor growth of the organisms, which results in very low amounts of protein to
investigate. Development of better strategies for growth of the organisms and/or
heterologous expression of the genes will be a boon to this field.
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